A biodegradable polymeric system is proposed for formulating peptides and proteins. The systems were assembled through the adsorption of biodegradable polymeric nanoparticles onto porous, biodegradable microspheres by an adsorption/infiltration process with the use of an immersion method. The peptide drug is not involved in the manufacturing of the nanoparticles or in obtaining the microspheres; thus, contact with the organic solvent, interfaces, and shear forces required for the process are prevented during drug loading. Leuprolide acetate was used as the model peptide, and poly(d,l-lactide-co-glycolide) (PLGA) was used as the biodegradable polymer. Leuprolide was adsorbed onto different amounts of PLGA nanoparticles (25 mg/mL, 50 mg/mL, 75 mg/mL, and 100 mg/mL) in a first stage; then, these were infiltrated into porous PLGA microspheres (100 mg) by dipping the structures into a microsphere suspension. In this way, the leuprolide was adsorbed onto both surfaces (ie, nanoparticles and microspheres). Scanning electron microscopy studies revealed the formation of a nanoparticle film on the porous microsphere surface that becomes more continuous as the amount of infiltrated nanoparticles increases. The adsorption efficiency and release rate are dependent on the amount of adsorbed nanoparticles. As expected, a greater adsorption efficiency (∼95%) and a slower release rate were seen (∼20% of released leuprolide in 12 hours) when a larger amount of nanoparticles was adsorbed (100 mg/mL of nanoparticles). Leuprolide acetate begins to be released immediately when there are no infiltrated nanoparticles, and 90% of the peptide is released in the first 12 hours. In contrast, the systems assembled in this study released less than 44% of the loaded drug during the same period of time. The observed release profiles denoted a Fickian diffusion that fit Higuchi's model (t 1/2 ). The manufacturing process presented here may be useful as a potential alternative for formulating injectable depots for sensitive hydrophilic drugs such as peptides and proteins, among others.
Introduction
Nanotechnology is the science that makes use of the new, modified, and unique properties of materials on a nanometric scale. As their size decreases, the new physical and chemical properties of the materials gain importance because of an increase in surface area, such that the quantum effects, surface properties, and large surface area-to-volume ratio all acquire dominance. Nanotechnology has been successfully applied in pharmaceutical technology to deal with a variety of challenges, such as low bioavailability, instability and low solubility of drugs, undesirable side effects, nontargeted delivery, low therapeutic effectiveness, inconstant blood levels, and frequent dosing. 1, 2 Over the past three decades, biomolecules like peptides, proteins, and deoxyribonucleic acid (DNA) analogs have been studied and proposed as therapeutic agents, owing to their high selectivity in the treatment of such diseases as cancer and enzymatic or genetic deficiencies. Advances in biotechnology have made possible the large-scale and efficient production of these molecules in quantities that are sufficient for research and the development of pharmaceutical products. 3, 4 However, peptides and proteins present some limitations in their usefulness as drugs. With respect to administration, they show instability in bodily fluids due to enzymatic susceptibility (proteolytic enzymes in the saliva, gastric juice, gut, skin, and lungs), whereas their large size and hydrophilicity impede access to target cells. Also, their rapid elimination from the body produces low therapeutic performance because of their short half-life and low bioavailability along the oral, transdermal, and pulmonary routes. This means that the parenteral route (muscular or intravenous injection) is the most suitable one for administration. 5, 6 In addition, the formulation techniques proposed, based on microencapsulation or freeze-drying, involve the use of organic solvents and interfaces that can provoke protein denaturation during microcarrier preparation. 7 For these reasons, routes that present a minimum of biological and technological drawbacks for these molecules have been suggested. 4 Technologies such as the PEGylation process, nanocarriers, and biodegradable polymeric micro-and nanoparticles have been proposed for peptide-protein delivery. In the case of the PEGylation process, the PEGylated proteins can generate anti-PEG antibodies that limit residence time in the bloodstream and the cross-linking may compromise peptide-protein stability. 8 Previous studies have shown that the use of nanocarriers, such as polymeric nanoparticles and liposomes, provides in vivo stability, prolonged circulation time, improved solubility, targeted release, and fewer side effects to peptide-protein drugs compared with conventional formulations. 3, 6, 9, 10 Microspheres manufactured with natural and synthetic polymers have been studied as carriers for peptide-protein drugs because they protect the molecule during administration, regulate the blood levels, and exhibit a modified release that reduces repeated dosing. 5, [11] [12] [13] Finally, large, porous, biodegradable microspheres have been used as implant scaffolds in tissue engineering.
14 However, the methods used to prepare the nanocarriers generally include polymerization processes, emulsification of natural or preformed polymers, and the subsequent elimination of the solvent, 10 all of which contribute to creating an unfavorable environment for these drugs, whereas protein-loaded microspheres are commonly prepared by using a method called "double emulsion-solvent evaporation." 15, 16 Despite the advantages of using polymeric micro-and nanocarriers for peptide-protein delivery, there is an inherent instability in these molecules at each step of the manufacturing process. First, peptide-protein loading involves the use of organic solvents that generate changes in the physicochemical properties of the peptide-protein, while the interfaces in the emulsification stage may cause unfolding and aggregation through interfacial adsorption. Second, it has been shown that the high ionic strengths, shear forces, and interfaces involved in micro-and nanocarrier formation lead to biomolecule denaturation due to stress, since it is necessary to create a new emulsion by adding a nonsolvent for the polymer (eg, water) and, later, the organic solvent must be evaporated by stirring, reduced pressure, vacuum, or distillation. Finally, a drying step like lyophilization is required to remove the residual solvent, and observations have shown that peptide-protein degradation and aggregation are common events during this step. 7, 17 Various attempts have been made to prevent degradation during biomolecule formulation, such as by adding sugars, polyols, or other proteins (like albumin) to reduce the interface-protein ratio, using a nonaqueous process to avoid water/organic interfaces, reduce the homogenization time, and incorporate lyoprotectants. 17 The main objective of this paper, then, is to propose and characterize a new carrier system for peptide-protein drugs; one that uses a simple immersion technique and an assembly method based on the infiltration of biodegradable polymeric nanoparticles into biodegradable porous microspheres obtained in separate stages; 18 that is, without the peptide drug in these steps. Thus, it is suggested that the assembly process using adsorption protects the drug, since the peptide is not involved in the earlier procedures. The biodegradable polymer chosen was poly(lactide-co-glycolide acid) (PLGA) (see Figure 1) , because it is a material widely used in the development of injectable and biocompatible drug delivery systems. Its properties, such as molecular weight, lactide/ glycolide ratio, and functional end groups, all affect drug release. 19 The model peptide was leuprolide acetate, whose primary structure is 5-oxo-Pro-His-Trp-Ser-Tyr-Leu-LeuArg-Pro-NH-C 2 H 5 (see Figure 2 ). This is a synthetic nonapeptide that is used as a luteinizing hormone-releasing hormone agonist in the treatment of hormone-dependent tumors, as in the cases of prostate and breast cancer, endometriosis, and adenomyosis. It is usually administered by the parenteral 
Preparation of polymeric nanoparticles
Nanoparticles were prepared using the emulsification-solvent diffusion method described by Quintanar-Guerrero et al. 10 First, a mixture of ethyl acetate and distilled water was saturated by manual agitation in a separatory funnel to achieve thermodynamic equilibrium; after 20 minutes, the phases were separated. Then, 400 mg of PLGA 50:50 was dissolved in 20 mL of the organic phase (saturated ethyl acetate). The aqueous phase (saturated distilled water) was used to prepare a 5% w/v solution of PVAL. The organic phase was emulsified with 40 mL of the aqueous phase by stirring with a homogenizer (ULTRA-TURRAX ® ; IKA ® Works, Inc, Wilmington, NC, USA) at 11,000 rpm for 10 minutes. Afterward, 160 mL of distilled water without saturation was added to the emulsion to generate the diffusion of the organic solvent into the aqueous phase so that polymer aggregation would produce nanoparticles in suspension. In the next step, the organic solvent was removed under reduced pressure at 90 rpm and 30°C. The recovery of nanoparticles was carried out by centrifugation (Optima ® LE-80 K; Beckman Coulter, Inc, Fullerton, CA, USA) at 20,000 rpm for 20 minutes. The nanoparticles were then resuspended in 3 mL of distilled water and washed three times. Finally, they were frozen and lyophilized (FreeZone 6; Labconco ® , Kansas City, MO, USA) at 50 × 10 −3 mbar and −40°C for 24 hours, with mannitol added as a cryoprotectant.
Preparation of porous microspheres
An adaptation of the modified "double emulsion (W 1 /O/W 2 )-solvent evaporation" method proposed by Kim et al 21 was performed to obtain porous microspheres sized #150 µm. The organic phase (O) was prepared by dissolving 500 mg of route owing to its poor oral bioavailability, short half-life, and instability in bodily fluids.
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Materials and methods Materials
Poly(d,l-lactide-co-glycolide acid) (PLGA 50:50, DLG 4A, molecular weight 38,000), was obtained from Lakeshore Biomaterials (Birmingham, AL, USA). Poly(vinyl alcohol) submit your manuscript | www.dovepress.com
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PLGA 50:50 in 8 mL of methylene chloride. After that, 50 mg of NH 4 HCO 3 (an agent that produces interconnected pores in the microspheres through gas generation) was placed in 5 mL of distilled water (W 1 ). The first emulsion was prepared with 2.5 mL of the W 1 phase and 8 mL of the O phase, and stirred with a homogenizer (ULTRA-TURRAX ® ; IKA ® Works, Inc) at 11,000 rpm for 1 minute. This emulsion was then poured dropwise into 300 mL of a PVAL 0.5% w/v aqueous solution (W 2 ) to be reemulsified with a variable-speed agitator (Caframo™ Limited, Wiarton, Ontario N0H 2T0, Canada) at 250 rpm for 4 hours in order to obtain porous polymeric microspheres and evaporate the organic solvent. Once the solvent had evaporated, the microspheres were recovered by filtration and rinsed three times with distilled water. Finally, they were frozen and then lyophilized (FreeZone 6; Labconco ® ) at 50 × 10 −3 mbar and −40°C for 24 hours, adding mannitol as a cryoprotectant.
Characterization of polymeric nanoparticles
To evaluate nanoparticle morphology, a few drops of an aqueous nanoparticle suspension were spread on a coverslip and dried at room temperature. Samples were mounted on a metal stub and coated with a thin gold film of about 20 nm in a vacuum chamber (Fine Coat Ion Sputter JFC-1100; JEOL, Tokyo, Japan) for 3 minutes at 1.2 kV, 10 mA, and 0.15 torr of pressure. The samples were then observed under scanning electron microscopy (SEM) (JSM-25 S II microscope; JEOL).
The laser light-scattering technique was used to determine the average size and polydispersity index of the nanoparticles using a submicron particle counter (N4 Plus; Beckman Coulter, Inc). Samples of the nanoparticle suspension were diluted with distilled water to achieve the light-scattering signal that fits the instrument's sensitivity (ie, particle counts per second). Measurements were performed at a 90° fixed angle for 60 seconds at a temperature of 20°C; the laser light wavelength was 678 nm (He/Ne 10 mW). The batches were analyzed in triplicate (n = 3).
Characterization of porous microspheres
Dried microspheres were resuspended in distilled water and placed on a coverslip in the same way as described in the preceding section to analyze their morphology by SEM (JSM-25 S II microscope; JEOL). Shape, surface, and internal interconnected pores were characterized in terms of their size, porosity, and surface pore diameter by using image analysis. To measure surface pore diameter, 100 microspheres were analyzed in five different fields of view (n = 3). The image scale was used to measure mean pore diameter. With the use of a microsphere suspension in distilled water, the mean diameter, particle size distribution, and specific surface area of the microspheres were measured in three different batches, using a laser diffraction particle size analyzer (Mastersizer 
Adsorption studies of leuprolide onto microspheres and nanoparticles
To evaluate the best leuprolide/microsphere ratio, several different amounts of peptide were adsorbed onto the surface of the microspheres. First, 10 mg of dried microspheres was suspended in 1 mL of a 0.02 M potassium phosphate buffer (pH 7.2). Subsequently, 0.5 mg, 1 mg, 2 mg, 3 mg, and 4 mg of leuprolide acetate was added to the aforementioned microsphere suspension, and the resulting samples were labeled as A, B, C, D, and E, respectively. In this way, leuprolide/microsphere ratios of 5%, 10%, 20%, 30%, and 50% w/w were reached. Afterward, each sample was gently stirred for 12 hours. The microspheres, with the adsorbed peptide, were recovered by filtration. The amount of leuprolide acetate was determined in the supernatant by HPLC (Agilent Technologies, Santa Clara, CA, USA), under the following chromatography conditions: P210 pump, 400 autosampler, 320 ultraviolet-visible detector (at 220 nm), and C8 column (250 × 4.6 mm, 5 µm particle size, Microsorb-MV, Agilent Technologies, Santa Clara, CA, USA). Finally, the mobile phase consisted of triethylamine solution (pH 3.0)-methanol-acetonitrile (70:5:25). The adsorption efficiency (%AE) was calculated by the difference between total and free peptide concentrations. All determinations were carried out in triplicate (n = 3).
To study the adsorption effect of leuprolide on the nanoparticles, the ζ-potential of the nanoparticles adsorbed with increasing amounts of the peptide was determined, as follows: 100 mg of dried nanoparticles were resuspended in 10 mL of a 0.02 M potassium phosphate buffer solution, at pH 7.2 (10 mg/mL); then 2.5 mg, 5.0 mg, 7.5 mg, and 10 mg of leuprolide was added to 1 mL of the previous suspension and subsequently stirred for 1 hour. The nanoparticle suspension with no peptide was set as the blank. The ζ-potential of the dispersions was measured by dynamic light scattering using a Zetasizer ® (Malvern Instruments) after appropriate dilution with the same buffer solution. Three replicates per concentration were analyzed (n = 3).
Assembly of the systems by the adsorption/infiltration of nanoparticles into microspheres and peptide loading
The process was carried out as follows: five systems, labeled 1, 2, 3, 4, and 5, were prepared in triplicate. System 1 was submit your manuscript | www.dovepress.com Dovepress Dovepress assembled without nanoparticle adsorption, while systems 2, 3, 4, and 5 were prepared by adding nanoparticle suspensions of 25 mg/mL, 50 mg/mL, 75 mg/mL, and 100 mg/mL, respectively. The nanoparticles were placed in a glass vial and resuspended in 1 mL of a 0.02 M potassium phosphate buffer solution at pH 7.2 for 12 hours by magnetic agitation (Multistirrer; VELP Scientifica, Usmate, Italy). Afterward, 10 mg of leuprolide were added simultaneously to each suspension. Agitation was continued for 1 hour more (systems 2, 3, 4, and 5). In brief, 100 mg of porous biodegradable microspheres was dipped into each one of the systems and then placed under mechanical agitation for 1 additional hour (Water Bath Shaker; Reichert Technologies, Depew, NY, USA). For system 1, under the same conditions, only porous microspheres were immersed in 1 mL of the buffer solution for just 1 hour, where 10 mg of leuprolide had been dissolved previously. All the systems were recovered by filtration and dried at room temperature. Figure 3 shows a general outline of the assembly process. The loading amount of leuprolide adsorbed into the systems was quantified by HPLC, as indicated above. Finally, the adsorption efficiency (%AE) was calculated by using the following equation:
where %AE is the adsorption efficiency; W AL and W IL represent the amount adsorbed and the initial amount of leuprolide acetate, respectively. Finally, the supernatant was lyophilized, and the efficiency of the nanoparticles loaded into the microspheres was calculated by weight difference.
Characterization of the assembled systems
To examine the surface morphology of the systems obtained, samples were spread over a coverslip and treated as described above for SEM analysis (JSM-25 S II microscope; JEOL). All systems were characterized by differential scanning calorimetry (DSCQ10 calorimeter; TA Instruments, New Castle, DE, USA) to evaluate the interactions of their components. Calorimetric tests were performed on all the assembled systems (1-5), as well as on the individual components, including leuprolide acetate and PLGA polymer. Dried 2 mg to 4 mg samples were placed on aluminum pans and sealed hermetically. Scanning was carried out at temperatures between 5°C and 200°C with a 10°C/minute heating rate, under ultrapure nitrogen flux (50 mL/minute).
In vitro peptide release
Leuprolide release profiles were obtained for all the assembled systems (1-5): 60 mg of each system was weighed directly in a prehydrated sack of dialysis cellulose membrane, whose length was 5 cm. The leuprolide acetate in solution immediately crossed the cellulose membrane, 
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showing that the membrane does not limit or control peptide release. The sacks were dipped in 10 mL of a 0.02 M potassium phosphate buffer at pH 7.2 in a glass vial under "sink" conditions during the study (leuprolide concentration #250 mg/mL), and transferred immediately to a thermostated bath at 37°C, where they were shaken under the same agitation conditions as indicated in the description of the assembly of the systems. At predetermined intervals, 500 µL was withdrawn from the release medium, and 500 µL of fresh medium was added to the test vials. The amount of released leuprolide at each time point was determined by HPLC-ultraviolet at 220 nm. All experiments were performed in triplicate (n = 3).
Results and discussion
Acquisition and characterization of polymeric micro-and nanoparticles
The well known emulsification-solvent diffusion method was used to prepare polymeric nanoparticles. 10 SEM showed solid, compacted, and spherical submicronic particles (see Figure 4) . As expected, this method made it possible to obtain nanoparticles with a 267 ± 3.8 nm mean size distribution and a polydispersity index of 0.07 ± 0.01. Nonstatistically significant differences were found in more than three prepared batches (analysis of variance [ANOVA] P . 0.05). These properties were suitable for carrying out the peptide adsorption procedure and the subsequent nanoparticle infiltration into porous microspheres. With respect to the microspheres, we produced porous structures by adapting the modified double emulsion-solvent evaporation technique proposed by Kim et al. 21 The stirring velocity time, stabilizer (PVAL), and porogen concentration (NH 4 HCO 3 ) were all controlled in order to generate microparticles with properties adequate for the assembly process. As shown in Figure 5A , spherical porous microspheres with high porosity, interconnecting pores, and a large surface were prepared. Their average size was found to be 78 ± 32.9 µm, with a specific surface area of 6.67 ± 0.13 m 2 /g in five batches with no significant differences among them (ANOVA P . 0.05). This finding was confirmed by SEM. Regarding the size obtained, it is possible to inject microspheres by using conventional syringes (size #150 µm). 22, 23 Size is one of the parameters in microsphere manufacturing that can be controlled by varying the PVAL concentration in the continuous aqueous phase (W 2 ), or the agitation time and speed during manufacture. Pores are connected inside the internal matrix of the microspheres, providing a large surface area for adsorption (see Figure 5B) . With the use of image analysis, the diameter of the exposed pores was determined, counting 100 pores in five fields of view. The mean diameter was approximately 8.1 ± 4.1 µm, which is wide enough for the infiltration of nanoparticles #300 nm in size. No differences in the mean diameter of the exposed pores were found in the three batches (ANOVA P . 0.05).
Characterization of the adsorption process of leuprolide onto micro-and nanoparticles
With the use of an aqueous immersion method, various amounts of leuprolide acetate were adsorbed onto porous microspheres in order to determine the leuprolide/microsphere ratio that showed the greatest adsorption efficiency. Ratios of leuprolide/microspheres of 5%, 10%, 20%, 30%, and 40% w/w were evaluated and the amount of adsorbed leuprolide was quantified. The results presented in Table 1 clearly show that there is a dependency on the leuprolide concentration in the adsorption process such that, as it increases, the amount of leuprolide adsorbed into the microspheres also increases; however, the adsorption efficiency reached a maximum when the 10% w/w leuprolide concentration was added (sample B). This finding could be Adsorption involves electrostatic and hydrophobic interactions, so physiochemical properties like pH, ionic strength, and temperature play an important role in peptide-protein adsorption. 24, 25 A pH of 7.2 in the dipping solution creates an environment in which charged species exist; consequently, electrostatic interactions among the components are present in the adsorption process. 20, 26 The PLGA used in the present study has a free carboxylic end group, uncapped PLGA ( Figure 1A) , with a pK a of ∼3.8, which is in the anionic form in the dissolution medium; whereas the basic amino acids of leuprolide, histidine (His-2), and arginine (Arg-8) acquire a cationic form, because they have isoelectric points of ∼7.8 and ∼10.7, respectively. These basic amino acids are exposed in the type 2 β-turn peptide conformation that is stabilized by residues Ser-4 and Leu-7 in an aqueous phase (see Figure 2) . 27 The ζ-potential was measured on polymeric nanoparticles of PLGA adsorbed with increasing amounts of leuprolide to test the electrostatic attraction in the adsorption process. Note in Table 1 that, as the amount of peptide increases, the ζ-potential becomes more positive, suggesting that an electrostatic interaction is taking place. Luan and Bodmeier 28 reported this interaction between leuprolide acetate and uncapped PLGA when they come into contact. In contrast, when PLGA with an esterified end group was used, capped PLGA ( Figure 1B ), there were no significant differences in the ζ-potential (−8.5 ± 1.1 mV for nanoparticles in suspension and −9.1 ± 1.4 mV for nanoparticles with leuprolide acetate). The characteristics observed in these adsorption studies were achieved by adsorbing leuprolide acetate into microspheres and polymeric nanoparticles separately.
Acquisition and characterization of the assembled systems by adsorption/infiltration
The entrapment of leuprolide acetate was carried out by using a simple aqueous immersion method. Based on earlier results, a determined amount of leuprolide was used in the adsorption/infiltration process (ratio of 10% w/w leuprolide/ microsphere). The effect of different nanoparticle concentrations on adsorption efficiency was evaluated during the assembly process. Table 2 summarizes the drug loading, the adsorption efficiencies, and the nanoparticles loaded for all the assembled systems. System 1 represents the adsorption process with no infiltration of nanoparticles. Dependence between nanoparticle concentration and drug loading can also be seen, such that when there are more nanoparticles in suspension, the adsorbed amount of leuprolide and the load of nanoparticles within the assembled systems increase. This may be related to the large surface area and its availability for the adsorption process. The high shear forces, interfaces, and organic solvents commonly used in conventional microencapsulation are avoided during drug loading, so denaturation, aggregation, or degradation of the peptide is prevented, thus ensuring that the peptide is protected throughout the assembly process.
Nanoparticles can adsorb the peptide onto their surfaces as a first step, but they also infiltrate into microspheres in the same leuprolide solution, so microspheres are in contact with nanoparticles and the free peptide; hence, higher adsorption efficiency is found in systems with a larger number of adsorbed nanoparticles. The peptide can be adsorbed onto micro-and nanoparticle surfaces (see Figure 3) . Since the nanoparticles and microspheres have the same chemical nature, leuprolide is loaded onto both surfaces. Nanoparticle adsorption was evidenced by SEM studies in which the images showed the formation of a nanoparticle film on the microsphere surface as the adsorbed amount of nanoparticles increased (see Figure 6 ). As expected, the nanoparticle film was seen to cover the microsphere surface and to be more continuous in systems 4 (75 mg/mL of nanoparticles) and 5 (100 mg/mL of nanoparticles), which had larger amounts of loaded nanoparticles (see Table 2 and Figure 6D and E, respectively). A similar behavior was noted by Rodríguez-Cruz et al 18 using porous membranes and carbamazepine (a nonwater-soluble drug model). It is suggested that this nanoparticle film can act as a physical barrier for the release of the peptide, such that a continuous film could reduce the release rate more efficaciously than a discontinuous one.
In order to identify peptide distribution in the carrier, the physical state of the components, and any interactions between the peptide and the polymer (PLGA), calorimetric studies were performed for all systems. Figure 7 shows the differential scanning calorimetry thermograms of the assembled systems (1-5), pure PLGA (50:50), and pure leuprolide. Endothermic characteristic peaks are observed in the thermograms of pure leuprolide and pure PLGA polymer at ∼162°C and ∼46°C, which correspond to leuprolide's melting point and the glass transition temperature (Tg) of PLGA, respectively. As shown in Figure 7 , the endothermic peak of Tg PLGA (44°C-46°C) can be identified in all systems, from 1 to 5. However, the characteristic peak in the leuprolide thermogram is not visible in the thermograms that correspond to systems 1-5, which suggests a molecular dispersion of the peptide throughout the assembled systems.
In vitro release kinetics
During the assembly process, five systems were prepared with different nanoparticle concentrations; their release profiles are shown in Figure 8 . We found a burst effect within the first 30 minutes for all systems that was below 25% of the loaded submit your manuscript | www.dovepress.com
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peptide. This finding can be associated with the leuprolide that was adsorbed onto the more superficial zone of the porous structure, since it is in immediate contact with the dissolution medium and thus enables the desorption process. 16, 21, 29 Therefore, porosity and surface area play an important role in peptide release. However, at close to 12 hours, system 1 (without adsorbed nanoparticles) had released 90.3% ± 9.1% of the peptide, whereas systems 2, 3, 4, and 5 (with adsorbed nanoparticles) had released only 36.1% ± 5.2%, 29.4% ± 3.2%, 22.2% ± 4.6%, and 19.8% ± 3.2%, respectively (see Figure 8) . A higher release rate was found in the systems that contained a more discontinuous nanoparticle film on the microsphere surfaces, which may be due to the nanoparticle-leuprolidemicrosphere interactions generated during the assembly process, and to the continuity in the nanoparticle film, which appears to create a diffusion barrier and induce changes in the release rate. Thus, a controlled release is achieved when nanoparticles are adsorbed onto the porous microsphere surface (systems 2-5). Consequently, if the amount of nanoparticles increases, the release rate slows; this phenomenon could be explained by leuprolide entrapment between the surfaces and the nanoparticle film.
Based on the release profile models proposed, 30 all the systems present a dominant Fickian diffusion mechanism because they are dependent on the square root of time (t 0.5 ) (see Table 2 for the parameters). The release profiles fit Higuchi's model, 30 as can be observed in Figure 9 . This finding is explained by the porosity in the microsphere structure, which enables the diffusion process, since the pores allow water to penetrate into the system, forcing the peptide to diffuse out into the dissolution medium. According to these findings, diffusion of leuprolide throughout the matrix system was achieved. 
Conclusion
This work proposes a novel drug delivery system that was developed by adsorbing nanoparticles onto porous biodegradable microspheres by an infiltration process using an immersion method. Porous, biodegradable microspheres and polymeric, biodegradable nanoparticles were prepared by the double emulsion-solvent evaporation method and the emulsification-solvent diffusion method, respectively. They were obtained separately with no peptide interaction. The systems were assembled in short times by using an aqueous immersion method that prevented any contact between the peptide and the organic solvents, interfaces, and shear forces during drug loading to ensure the integrity of the peptide. Leuprolide acetate was entrapped in the polymeric matrix between the surfaces by the electrostatic interactions in the adsorption process. Its adsorption efficiency and release profiles showed a dependence on the amount of nanoparticles that infiltrated into the porous microspheres, such that a larger number of adsorbed nanoparticles led to a higher amount of loaded peptide and a slower release rate. The adsorbed nanoparticles created a film on the microsphere surface that appeared to act as a diffusion barrier, so the in vitro peptide release indicated that the systems assembled by nanoparticle infiltration reduced the burst effect, modified the release rate, and allowed a controlled release because of the formation of the film. The release rate slowed when the nanoparticle film was more continuous, thus prolonging the release period. Future work will need to consider determinations of conformational changes before and after adsorption in order to evidence peptide or protein integrity. The approach proposed in the present study can be used as an alternative in the formulation of peptide-protein drugs. These systems can be administered by different routes, including the parenteral route, as injectable depots, even for other biomolecules, such as proteins, enzymes, or DNA.
